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The structure of glucose-fructose oxidoreductase from Zymomonas
mobilis: an osmoprotective periplasmic enzyme containing 
non-dissociable NADP
Richard L Kingston1, Robert K Scopes2 and Edward N Baker1*
Background: The organism Zymomonas mobilis occurs naturally in sugar-rich
environments. To protect the bacterium against osmotic shock, the periplasmic
enzyme glucose-fructose oxidoreductase (GFOR) produces the compatible,
solute sorbitol by reduction of fructose, coupled with the oxidation of glucose to
gluconolactone. Hence, Z. mobilis can tolerate high concentrations of sugars and
this property may be useful in the development of an efficient microbial process
for ethanol production. Each enzyme subunit contains tightly associated NADP
which is not released during the catalytic cycle.
Results: The structure of GFOR was determined by X-ray crystallography at
2.7 Å resolution. Each subunit of the tetrameric enzyme comprises two domains,
a classical dinucleotide-binding domain, and a C-terminal domain based on a
predominantly antiparallel nine-stranded b sheet. In the tetramer, the subunits
associate to form two extended 18-stranded b sheets, which pack against each
other in a face to face fashion, creating an extensive interface at the core of the
tetramer. An N-terminal arm from each subunit wraps around the dinucleotide-
binding domain of an adjacent subunit, covering the adenine ring of NADP.
Conclusions: In GFOR, the NADP is found associated with a classical
dinucleotide-binding domain in a conventional fashion. The NADP is effectively
buried in the protein-subunit interior as a result of interactions with the N-terminal
arm from an adjacent subunit in the tetramer, and with a short helix from the
C-terminal domain of the protein. This accounts for NADP’s inability to dissociate.
The N-terminal arm may also contribute to stabilization of the tetramer. The
enzyme has an unexpected structural similarity with the cytoplasmic enzyme
glucose-6-phosphate dehydrogenase (G6PD). We hypothesize that both
enzymes have diverged from a common ancestor. The mechanism of catalysis is
still unclear, but we have identified a conserved structural motif (Glu–Lys–Pro) in
the active site of GFOR and G6PD that may be important for catalysis.
Introduction
The anaerobic Gram-negative bacterium Zymomonas mobilis
occurs naturally in sugar-rich growth media [1,2]. The bac-
terium ferments glucose, fructose and sucrose, utilizing the
Entner–Doudoroff pathway, with ethanol and carbon
dioxide as the principal products. Much of the work on Z.
mobilis has been motivated by the biotechnological interest
in an efficient microbial process for ethanol production [3,4].
An exceptional property of the bacterium is its tolerance of
high concentrations of sugars and ethanol in the growth
medium. In the presence of high concentrations of sugars, Z.
mobilis produces substantial quantities of sorbitol [5,6] by
means of the reduction of fructose, a reaction which is
coupled with the oxidation of glucose to gluconolactone [7].
Both reactions are catalyzed by a single enzyme, glucose-
fructose oxidoreductase (GFOR) [8]. GFOR is a tetrameric
enzyme composed of four identical subunits. Each subunit
contains one tightly, but noncovalently, bound NADP
molecule which is not released during the catalytic cycle.
The enzyme operates by a ping-pong mechanism, catalyz-
ing the reaction of one of its substrates to yield a product
that dissociates before the other substrate binds. Hence
the overall reaction consists of two half reactions, with
alternate reduction of the bound NADP+ (as glucose is oxi-
dized to gluconolactone) and oxidation of NADPH (as
fructose is reduced to sorbitol) [9]. The gluconolactone is
subsequently converted to ethanol [8,10]; however, sor-
bitol is not further metabolized by the cell.
GFOR is located in the periplasmic space of the bacterial
cells [11], where its proposed biological function is to
protect the bacterium against osmotic stress caused by high
external sugar concentrations [12]. The protective mecha-
nism arises from the conversion of fructose into sorbitol,
which is a compatible solute for the bacterium (i.e. can be
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accumulated in the cell without harm to the organism).
Steady-state kinetic studies [9] have shown that significant
sorbitol formation will only occur in the presence of high
concentrations of glucose and fructose (this is implied by
the relatively large Michaelis constants for the two sub-
strates: the KM for glucose is 10.8±0.8 mM and for fruc-
tose is 400±30 mM [9]). This restricts the formation of
sorbitol to conditions of hyperosmotic stress. 
The export of GFOR into the periplasmic region is con-
sistent with the gene sequence for the enzyme [13]. There
is a signal sequence of 52 amino acids preceding the N-ter
minal sequence of the mature enzyme, a general feature of
proteins destined for transport across cellular membranes
[14]. The cleavage of the signal peptide at an Ala–Ala
peptide linkage gives rise to a mature protein of 381 amino
acids (43kDa); this corresponds to the observed subunit
size in purified preparations of GFOR [8]. The X-ray struc-
ture determination of GFOR is in conflict with the pub-
lished sequence [13] in several regions, which could be
explained by short frameshift errors in the original
sequence determination. This has now been confirmed by
re-sequencing of the gene (T Wiegert, H Sahm, and G.A
Sprenger, personal communication). The structural model
reported in this paper incorporates the corrected sequence.
Many NAD(P)- and FAD-binding enzymes have a similar
polypeptide chain organization in their dinucleotide-
binding domains [15]. The way in which this domain asso-
ciates with NAD(P) places certain restrictions on the
amino acid sequence. Such domains are commonly associ-
ated with the sequence Gly–X–Gly–X–X–Gly or Gly–X–
Gly–X–X–Ala, which forms a tight turn at the beginning
of the dinucleotide-binding helix [16]. GFOR contains
such a fingerprint sequence, Gly–Leu–Gly–Lys–Tyr–Ala,
corresponding to amino acids 38–43. This sequence sug-
gested the likely presence of a Rossmann fold, confirmed
by structure determination of GFOR.
GFOR is one of a small number of enzymes now known to
use NAD(P) as an endogenous redox carrier (i.e. one that
is not released during the catalytic cycle of the enzyme;
see [17],[18] for discussion). The enzymes that share this
property are both structurally and functionally diverse.
The only one for which the three-dimensional structure 
is known is UDP-galactose 4-epimerase [19]. In this paper
we report the crystal structure of GFOR, determined at
2.7Å resolution. This has enabled us to account for the
tight binding of NADP, and reveals an unsuspected struc-
tural and probable evolutionary relationship with the
enzyme glucose-6-phosphate dehydrogenase. 
Results and discussion
Structure determination
The structure of GFOR was determined by the method 
of multiple isomorphous replacement (MIR). The structural
model has been refined by restrained least-squares methods
to a crystallographic R factor of 20.2% for all data measured
to 2.7Å resolution. The current model includes the entire
polypeptide chain (381 amino acids, when considering the
changes from the published sequence). The core f,ψ
regions of a Ramachandran plot include 91% of the
residues, with no residues in disallowed regions (as defined
by the program PROCHECK [20]). The final model is
tightly restrained (root mean square [rms] deviation from
standard bond lengths is 0.013Å and from angles is 1.602°).
There are six crystallographically independent copies of the
monomer in the asymmetric unit of the crystals. During the
refinement procedure all copies were constrained to be
identical; therefore, the structure reported here represents
an average of these six copies.
Structure of the monomer
In common with a number of other enzymes utilizing
NAD(P) as a cofactor in oxidation-reduction reactions, the
structure of the GFOR monomer consists of two well
defined domains. These domains are not loosely associated
as is sometimes seen (e.g. as in dihydrodipicolinate reduc-
tase, DHPR [21]), but are packed tightly together (Fig. 1).
The N-terminal domain has the classical dinucleotide-
binding fold [15,22], comprising two babab motifs that
form a single, six-stranded, parallel b sheet, flanked on
either side by a helices (Fig. 2a). The b strands, labelled in
the order they appear in the sequence occur in the sheet as
bF, bE, bD, bA, bB and bC (i.e. the sheet topology [23] is
1x, 1x, -3x, -1x -1x). The cross-over connection between
strands bC and bD, known to be among the least con-
served structural elements of the fold [15], incorporates a
relatively long and regular 310 helix. The NADP, which is
very clearly defined in the electron-density map, is bound
in conventional fashion with the pyrophosphate group
located at the N terminus of helix aa. Details of the NADP
conformation and of the interactions between the protein
and the dinucleotide are described later.
In comparison with other NAD(P)-binding domains, 
the dinucleotide-binding domain in GFOR is relatively
small (comprising residues 32–154). In all classical dinu-
cleotide-binding domains, the strand bA terminates before
the two adjacent strands in the sheet (bB and bD), creat-
ing a cleft in which the adenine ribose is positioned [24].
GFOR is no exception to this; however, the cleft is not 
at all marked, the helices (which pack on either side of 
the sheet) do not extend much beyond the sheet bound-
ary, and the connecting loops are in general short. Using
the structure comparison algorithm of Holm and Sander
[25], we compared the dinucleotide-binding domain of
GFOR with structures deposited in the Protein Data
Bank. The greatest degree of overall structural similarity
was with the coenzyme A binding domain of succinyl-CoA
synthetase [26] (rms difference for 107 equivalent Ca
positions: 2.2Å), and with the NADP-binding domain 
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of DHPR [21] (rms difference for 111 equivalent Ca
positions: 2.2Å).
The C-terminal domain is based around a mixed b sheet,
the strands of which are linked by a number of helices and
surface loops (Fig. 2b). In this domain, the sheet topology
[23] is 3x, -1, -1, -2, -1, -1, -1, 8. The central b sheet has a
very pronounced right-handed twist. The domain is ‘open-
faced’ [23] in that the helices and loops cover only one side
of the b sheet. In this sense GFOR resembles members of
the glyceraldehyde-3-phosphate dehydrogenase (GAPDH)
family [27], and also DHPR [21]. The sheet is entirely
antiparallel, with the exception of the first strand in the
sequence (bG), which is found at the center of the sheet
and is involved in a ψ loop formed between the antiparallel
strands bJ and bK. ψ loops are rarely observed in protein
structures, and are characterized by two sequentially adja-
cent antiparallel strands in a b sheet, connected by a ‘+2’
hairpin turn (i.e. with one strand in between and hydrogen
bonded to both b strands) [28]. There are four possibilities
for the topology of ψ loops. Interestingly, despite differing
overall sheet topology, ψ loops of the same kind are found
in GAPDH and DHPR (Fig. 2c). In these oxidoreductases
and GFOR (which are all tetrameric), the open-faced sheet
of the C-terminal domain is involved in the formation of a
subunit interface.
Preceding the dinucleotide-binding domain there is an
extended N-terminal ‘arm’, which is found wrapped around
an adjacent subunit in the tetramer. The N-terminal
sequence contains a high number of proline residues (7 in
the first 31 amino acids), which is reflected in its extended
conformation in the structure. The only element of regular
secondary structure in this region is a short a helix (residues
5–8). Interestingly, an N-terminal arm (though not proline
rich) precedes the dinucleotide-binding domain in some
tetrameric lactate dehydrogenases (LDHs), for example
dogfish muscle LDH [29]. In these cases it appears to
contribute to stabilization of the quaternary structure, as
proteolytic cleavage of this region results in the formation of
stable dimers [30]. Members of the closely related malate
dehydrogenase (MDH) family lack the N-terminal arm and
are correspondingly typically dimeric [22]. The N-terminal
arm, however, is not required for stabilization of the quater-
nary structure in all species, as many bacterial LDHs
lacking this feature are tetrameric [31].
Comparison with glucose-6-phosphate dehydrogenase
For GFOR, the most striking structural similarity is not
with GAPDH or DHPR, mentioned above, but with the
recently determined structure of glucose-6-phosphate
dehydrogenase (G6PD) from Leuconostoc mesenteroides [32]
(Fig. 3). The sheet topology of the C-terminal domains of
these two structures is almost identical (the only differ-
ence being a reversed direction of the last short b strand of
the sheet). We had not anticipated this relationship as
there is no detectable sequence homology between these
two proteins. Significantly, G6PD catalyzes a reaction
essentially equivalent to one of the half-reactions of
GFOR (the oxidation of glucose to gluconolactone), the
only difference being the requirement that the substrate
be phosphorylated.
While GFOR and G6PD are virtually identical in a topo-
logical sense, G6PD is a substantially larger protein. Corre-
sponding elements of secondary structure often differ in
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Figure 1
Stereo view of the Ca plot of the GFOR
monomer, showing the close association of
the dinucleotide-binding domain and the
C-terminal domain. Every tenth residue in the
sequence is numbered.
both length and relative orientation, and the connecting
loops between them are often elaborated in G6PD 
(Fig. 3). For example, in the C-terminal domain of GFOR,
the last four strands of the central b sheet (bK–bN) are
markedly shorter than their counterparts in G6PD. There
are also structural elements present in G6PD that are not
in GFOR. In G6PD, the connection between strands bG
and bH is extended, containing several helices that have
no counterpart in GFOR. Another difference occurs in
G6PD’s C-terminal region, where an additional helix is
present, associated with the side of the b sheet which is
open-faced in GFOR. This is of significance for the quater-
nary structure of both enzymes, as the subunits in
tetrameric GFOR associate through an aligned face to face
packing of the central b sheets.
As noted above, the structure of the dinucleotide-binding
domain of GFOR, as a whole, resembles domains in other
oxidoreductases (e.g. succinyl-CoA synthetase, DHPR)
more closely than it does G6PD. In particular the bB–bC,
bC–bD and bD–bE connections all differ substantially
between GFOR and G6PD. There are however several
intriguing similarities between their dinucleotide-binding
domains. In GFOR the hydrogen bonding within the first
helix of the domain (aa) is disrupted by the incorporation
of a proline (Pro49) within the helix. In G6PD, a proline 
is observed at an identical position, and is conserved
between all known G6PD sequences. The effect of this
proline in both proteins is to distort the helix so that an
extra residue is accommodated in the second turn. Another
striking similarity, between G6PD and GFOR is in the
loop following strand bE, which is found adjacent to the
nicotinamide ring. Residues 127–129 in GFOR (Glu–
Lys–Pro) correspond to residues 147–149 in G6PD (again
Glu–Lys–Pro), and are found in a very similar conforma-
tion in this loop in both proteins.
Overall, the topological equivalence of the C-terminal
domains of GFOR and G6PD, the conservation of several
key features in the dinucleotide-binding domains and the
similar functions of the two enzymes amount to a persua-
sive argument for a common evolutionary origin. Given
that GFOR has not been positively identified in other
organisms, and is apparently responsible for the tolerance
of Z. mobilis to the high sugar concentrations found in its
natural growth media, the idea that it has been ‘recruited’
from a cytoplasmic enzyme involved in glucose metabo-
lism has considerable attraction. G6PD is a major meta-
bolic enzyme in Z. mobilis, utilizing NAD in mainstream
catabolism of sugars, but is also capable of using NADP to
generate anabolic reducing equivalents. In this respect, it
is functionally similar to G6PD from L. mesenteroides, with
which it has clear sequence homology [33] (sequence
identity ~33% using standard pairwise alignment proce-
dures). Interestingly, the Z. mobilis enzyme is tetrameric
[34], in contrast to the dimeric L. mesenteroides G6PD. We
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Figure 2
Topological relationships of secondary structures in GFOR. 
(a) A topology diagram of the N-terminal domain. Definition of the
principal secondary structural elements is as follows. Helices: 
a, residues 41–50; b, 67–77; c, 90–95; d, 108–120;  and e,
135–148. Strands: A, residues 32–37; B, 57–63; C, 84–85; 
D, 101–104; E, 124–127; and F, 152–154. Secondary structural
elements were defined using PROMOTIF [76]. (b) A topology diagram
of the C-terminal domain. Definition of the principal secondary
structural elements is as follows. Helices: f, residues 162–172; 
g1, 195–198; g2, 203–206; g3, 210–213; g4, 215–226; 
h, 244–246; n1, 324–337; and n2, 346–365. Strands: G, residues
181–187; H, 230–238; I, 252–259; J, 264–270; K, 276–282; 
L, 287–290; M, 301–305; N, 308–312; and O, 369–370. Secondary
structural elements were defined using PROMOTIF [76]. (c) The
topology of the ψ loop common to the C-terminal domains of GFOR,
G6PD, GAPDH, and DHPR. The cross-over connection between the
right and centre strands varies in complexity, and incorporates other
strands of the sheet in all but DHPR. The loop is Type 1X′ according
to the nomenclature of Hutchinson and Thornton [28].
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propose that the genes for GFOR and G6PD have both
evolved from a common ‘glucose-oxidizing’ ancestral
gene, but note that both are structurally distinct from the
glucose dehydrogenase from the archaeon Thermoplasma
acidophilum [35].
Structure of the tetramer
The GFOR tetramer possesses almost perfect 222 point
group symmetry (Fig. 4). Measured along the internal sym-
metry axes of the molecule, the tetramer extends approx-
imately 85×100×43Å, thus having a slightly flattened
overall appearance. The principal intersubunit contacts
involve the central b sheet of each C-terminal domain. In
two of the subunits, the contacts are mainly between the
last strands in each domain, which are hydrogen bonded to
each other in a typical antiparallel fashion. Consequently
two subunits associate to form a continuous 18-stranded
b sheet. As a result of a marked right-handed twist of 
the b sheet of each subunit, the sheet resulting from the
interaction between the subunits turns by almost 180° over
the length of the molecule. In the tetramer, the extended
sheets formed by two such dimers stack against one
another, forming an extensive interface. Hence, tetrameric
GFOR contains both the stacked and extended b inter-
faces described by Jones and Thornton [36] in their analy-
sis of protein dimers. A very similar association of subunits
is found in the all-b protein concanavalin A [37], and in
DHPR [21].
The stacked b sheets in GFOR are oriented so that the
strand direction in one sheet is at an angle of about 30° rela-
tive to the strand direction in the other (in correspondence
with arguments based on packing considerations [38]). The
two sheets do not pack tightly along the entire length of
the interface, but spread apart in the middle, creating a
cavity at the centre of the tetramer. Electron-density maps
indicate the presence of a number of ordered water mol-
ecules in this region, hence the cavity is solvent filled.
The other subunit–subunit interaction in GFOR is medi-
ated by the N-terminal arm. In Figure 4 it can be seen that
the association between the two left-most (or two right-
most) subunits is principally due to contacts between the
NADP-binding domain of each subunit and the N-termi-
nal arm from the other subunit of the pair. This is con-
firmed by calculation of the molecular surface area buried
by subunit association (employing an analytic surface cal-
culation method [39]). When the two left-most subunits in
Figure 4 are associated, the total buried surface area is
6780Å2. Repeating the calculation with truncation of the
N-terminal arm (residues 1–31), the total buried surface
area is 1510Å2, or 22% of the original value. Hence, most
of the contact between these two subunits involves the
N-terminal arm.
When we first determined the structure of GFOR we were
immediately struck by the proximity of the N-terminal
arm to the NADP-binding site, and the implications of this
for the tight association of NADP (discussed below). In
light of the structural studies on LDH and MDH, in which
the N-terminal arm has been shown to be important for
subunit association, it may be involved in GFOR subunit
association as well as in binding NADP. Further experi-
ments will be required to determine the exact role of the
N-terminal arm in cofactor binding and oligomerization.
Dinucleotide binding 
The crystals of GFOR used in the structure determination
were grown in the presence of 800mM sorbitol, a product
of one of the reactions catalyzed by the enzyme. On the
basis of the equilibrium constant for the fructose/sorbitol
half reaction [9], it is expected that the cofactor is in its
reduced state in the crystal. The conformation of the bound
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Figure 3
Ribbon diagrams of the monomers of (a) GFOR and (b) G6PD. For
both proteins the N-terminal domain is in blue and the C-terminal
domain in purple. Connecting loops are in gold. (Figure generated
using the program Ribbons 2.0 [77].)
NADP together with its corresponding electron density is
displayed in Figure 5. In the structure the adenine ring is
found in a syn conformation with respect to the glycosidic
bond, while the nicotinamide ring is found in an anti con-
formation. The pucker of the sugar groups is C3′-endo for
the adenine ribose and C2′-endo for the nicotinamide ribose
[40]. The oxygen atoms of the two phosphate groups in the
pyrophosphate bridge are perfectly staggered. The syn con-
formation of the adenine ring, with the bulky adenine
group positioned ‘above’ the ribose sugar, is unusual.
However, it is not without parallel in protein–nucleotide
complexes (see, for example, [41]). As a consequence of its
syn conformation, the adenine ring points away from the
dinucleotide-binding domain and interacts with the N-ter-
minal arm of an adjacent subunit. In fact the only hydro-
gen-bonding interactions arising from atoms of the adenine
ring involve mainchain carbonyl oxygen atoms from the
N-terminal arm (residues Pro11, Thr13 and Ala15). These
interactions must help stabilize the energetically disfavored
syn conformation [40].
The hydrogen-bonding interactions between NADP and
the protein are shown schematically in Figure 5b. In GFOR,
there are 21 potential hydrogen bonds between NADP and
protein atoms, and at least a further six hydrogen-bonding
interactions with ordered water molecules (these water mol-
ecules were well defined in difference Fourier syntheses
and have B factors comparable to those of the protein
atoms). The hydrogen-bonding interactions between the
protein and the 2′-phosphate group of NADP are particu-
larly extensive. In all the NADP-specific enzymes whose
structures have been solved to date, the 2′-phosphate group
interacts with one or more basic amino acids, which provide
a favorable electrostatic interaction with the negative
charge(s) carried by the 2′-phosphate group. In GFOR, Lys
69 fulfils this role. In a sense the question of specificity for
NAD or NADP is irrelevant for GFOR, because the bound
cofactor is never released from the enzyme; however, spe-
cific association of GFOR with NADP is consistent with the
presence of a positively charged binding pocket for the
2′-phosphate group. In comparison with some other NADP-
dependent dehydrogenases, the number of direct hydrogen-
bonding interactions between the dinucleotide and the
protein is quite large. For example, in a complex of NADP
with G6PD, there are nine potential hydrogen bonds to
protein atoms (M.J Adams, personal communication) and in
glutathione reductase there are 11 [42]. One other interest-
ing interaction is the stacking of one face of the nicoti-
namide ring against Tyr42 (see Fig. 6). Similar stacking
interactions have now been seen in a number of enzymes
(e.g. aldose reductase [43] and glutathione reductase [42]).
The bound NADP is almost entirely buried in the interior
of the protein, with 97% of its molecular surface area
buried in the complex. Only the C4 and C5 atoms of the
nicotinamide ring are at all exposed. This effective burial of
the NADP is in large part due to interactions with a short
helix (ag1; residues 195–200) from the second domain of
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Figure 4
A ribbon diagram of the GFOR tetramer, with
a space-filling representation of the bound
NADP in white. Each subunit is in a different
color. (Figure generated using the program
Ribbons 2.0 [77].)
the protein and also with the N-terminal arm of an adjacent
subunit in the tetramer, which covers the adenine ring.
Extensive burial of NAD(P) in the protein interior has
been seen in a number of oxidoreductases; enzymes which
must release NAD(P) during the catalytic cycle accomplish
this by rigid body domain motions (e.g. horse liver alcohol
dehydrogenase) or by more local conformational changes,
such as loop movements (e.g. LDH) [24].
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Figure 5
NADP conformation and interactions in GFOR.
(a) Stereo view of the electron density
corresponding to NADP. The map was
calculated with all data to 2.7 Å resolution and
contoured at 1.5 s. Fourier coefficients
employed in the map calculation were of the
form (2m |Fo | –D |Fc | ) (SIGMAA weighting)
where |Fo | is the native structure factor
amplitude, |Fc | is the calculated structure
factor amplitude, and m and D have been
defined by Read [70]. (Figure generated using
the program TURBO-FRODO [A Rossel, 
A-G Inisan and C Cambillau].) Colors are: 
C, yellow; N, blue; O, red; and P, orange. 
(b) Schematic representation of the hydrogen
bonding between NADP and GFOR. Dashed
circles around residue names indicate that the
residues are from the N-terminal arm of an
adjacent subunit in the tetramer. Distances of
potential hydrogen bonds (dashed lines)
indicated in the diagram range from 2.7–3.1 Å.
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It is clear that NADP cannot be released from GFOR
without a concerted displacement of both the N-terminal
arm and the loop containing helix ag1. Both of these
regions are well defined in electron-density maps, and the
atomic-displacement parameters of the constituent atoms
are comparable to those in the dinucleotide-binding
domain itself. Hence, there is no indication that these
regions are inherently more mobile than contiguous parts
of the structure. In addition, the high number of proline
residues in the N-terminal arm places a number of confor-
mational constraints on the polypeptide backbone. These
findings are all consistent with the non-dissociable nature
of NADP in GFOR.
These observations are mirrored in the structure of UDP-
galactose 4-epimerase, which contains tightly associated
NAD [19]. In this protein, 96% of the molecular surface
area of the bound NAD is buried, and again atoms of the
nicotinamide ring contribute almost all of the exposed
surface area. As with GFOR, the protein is involved in a
large number of hydrogen-bonding interactions with the
bound dinucleotide, although, the way in which the tight
association of NAD(P) is achieved differs in an important
respect. In UDP-galactose 4-epimerase, residues which
interact with NAD are almost exclusively within the dinu-
cleotide-binding domain, which is much larger than its
counterpart in GFOR (comprising the first 180 residues of
the protein). Strands bB and bD and the loops that follow
form a marked cleft which encloses the adenine ribose and
the adenine ring. In contrast, in GFOR the cleft is barely
noticeable, as the strands bB and bD do not extend much
further than the central strand bA, and structural elements
external to the dinucleotide-binding domain itself seem to
be important for the tight association of NADP. This is
consistent with the idea that GFOR has evolved from a
cytoplasmic precursor which would release NADP during
its catalytic cycle. Consequently, the way in which the
tight association of NADP has been achieved in GFOR
may reflect the evolutionary history of the enzyme rather
than any structural necessity.
Implications for catalysis
The reactions catalyzed by GFOR involve a carbonyl↔
alcohol interconversion, coupled with the oxidation and
reduction of NADP. Such reactions are known to proceed
by hydride transfer to or from the C4 carbon of the nicoti-
namide ring, catalyzed by the polarization of the reacting
group in the substrate [44]. In the absence of a metal ion,
the polarization can be achieved through an amino acid
which acts as an acid-base catalyst, by hydrogen bonding
with the carbonyl or alcohol group of the substrate. For
example, in LDH and MDH, a histidine residue acts as a
general acid-base catalyst [45].
Identification of catalytically important residues in GFOR
is complicated by the fact that the overall reaction cat-
alyzed by the enzyme is composed of two half reactions
(the oxidation of glucose to gluconolactone and the reduc-
tion of fructose to sorbitol), and the question of whether
the two substrates bind to the enzyme in an analogous
fashion. An anomeric specificity of GFOR for b-D-glucose
has been demonstrated [9] which implies that this sugar
binds in its pyranose ring form, but it is not clear if fruc-
tose binds in a ring or in an open-chain form. If it binds in
a ring form then the reduction must be accompanied by
ring opening, since sorbitol is an acyclic molecule. The
two substrates do not necessarily bind in the same way, or
share the same proton donor/acceptor.
In GFOR the orientation of the nicotinamide ring and the
position of the C4 carbon are unequivocal. The solvent-
exposed atoms of the nicotinamide ring are found in a deep
cavity formed at the interface between the two domains.
There are a number of potential proton donors/acceptors at
reasonable distances from the C4 carbon (Fig. 6). These
include two tyrosine residues, Tyr217 and Tyr296, together
with Lys129 and Asp213. There are no histidine residues
adjacent to the nicotinamide ring. In both the aldo-keto
reductase and short-chain dehydrogenase/reductase protein
families, a tyrosine residue has been implicated as the acid-
base catalyst [46,47]; in each case a hydrogen-bonded
lysine has been proposed to depress the pKa, thereby facili-
tating proton transfer. Thus it seems possible that either
Tyr217 or Tyr296 could act as a proton/donor acceptor in
GFOR. Of these, Tyr217 seems the more likely. It is
hydrogen bonded to the carboxamide group of the nicoti-
namide ring; it is adjacent (but not hydrogen bonded) to
Lys129 (discussed below); and Tyr217 and His240 (the
1420 Structure 1996, Vol 4 No 12
Figure 6
The active site of GFOR; atoms are shown in standard colors. Shows
the interaction of the nicotinamide ring with Tyr42. (Figure generated
using the program SETOR [78].)
proposed acid-base catalyst in G6PD [32]) originate from
topologically equivalent helices in the two structures (ag4
in GFOR), and indeed occupy a roughly equivalent posi-
tion in the two structures.
The lysine residue, Lys129, is intriguing. Its sidechain has
an unusual rotamer conformation, {g+,g+}, which is rarely
observed in protein structures [48]. The sidechain elec-
tron density is weak, and the sidechain atoms have rela-
tively high B factors, yet we are confident that it is
correctly modelled. Lys129 was not included in the model
until late in the refinement, when Fourier difference maps
could be unambiguously interpreted. In the present struc-
ture the amino group of the lysine sidechain is adjacent to
the face of the nicotinamide ring (~ 3.8Å distant) and
makes a hydrogen bond to the carbonyl oxygen of Asp213.
We suggest that this conformation may well be influenced
by the oxidation state of the cofactor; thus it is possible
that Lys129 might rearrange during catalysis and partici-
pate in the fashion that has been suggested for the aldo-
keto reductase and short-chain dehydrogenase/reductase
protein families (by hydrogen bonding to the adjacent
Tyr217 and facilitating proton transfer). 
Regardless of its exact role, several lines of evidence point
to the potential importance of Lys129. The first is that it is
involved in a structural motif which is conserved between
GFOR and G6PD. Residues 128–130 in GFOR (Glu–Lys–
Pro) correspond to residues 147–149 in G6PD (also Glu–
Lys–Pro). This is striking in view of the almost complete
lack of sequence identity between the two proteins. These
three residues occur at the end of strand bE in the dinu-
cleotide-binding domain. In GFOR, Glu128 is hydrogen
bonded to the carboxamide group of the nicotinamide ring
and Pro130 has a cis peptide bond and is integral to the
turn at the end of strand bE. In G6PD the situation is a
little more complicated. There are two independent sub-
units in the asymmetric unit of the crystals of the holoen-
zyme. In the first of these the conserved proline residue
has a cis peptide and the overall conformation is very
similar to that found in GFOR. In the second subunit the
proline has a trans peptide bond, and the conformation of
the preceding lysine also differs [32]. In a complex of
G6PD with NADP, however, both subunits of the dimer
contain Pro149 in a cis conformation (MJ Adams, personal
communication). This raises the possibility that there may
be two conformational states for the motif which intercon-
vert, as there are examples of cis–trans proline isomeriza-
tion occurring in folded proteins [49].
A search of the National Center for Biotechnology Infor-
mation (NCBI) nonredundant protein sequence database
(May 1996) using the BLASTP algorithm [50] revealed 
15 sequences with clear homology to the dinucleotide
binding domain of GFOR. Unfortunately only two of these
deduced gene products have an assigned function, an
inositol 2-dehydrogenase (Genbank accession number
M76431) and a dihydro-4,5-dihydroxyphthalate dehydroge-
nase (Genbank accession number D13229). Multiple
sequence alignment [51] revealed that the motif Glu–Lys–
Pro (EKP) was almost completely conserved in all of the
sequences (Fig. 7). The only other completely conserved
residue in the alignment is the first glycine in the dinu-
cleotide-binding loop motif Gly–X–Gly–X–X–Gly. Signifi-
cantly this seems to be the only absolutely required glycine
in the motif, the other two glycine residues representing
preferences not requirements [52]. These observations
suggest that these sequences represent dinucleotide-
binding domains, in which the conserved EKP motif has
some critical structural or functional role. The similarity of
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Multiple sequence alignment of deduced gene products having
sequence homology to the dinucleotide-binding domain of GFOR.
Genbank accession numbers (left hand column) and the source
organism are reported. The conserved motif EKP is highlighted
(numbering corresponds to the sequence of GFOR). (Figure
generated using the program ALSCRIPT [79].)
the sequences following the N-terminal domain is less
marked; however; one interesting feature is that the amino
acid corresponding to Tyr217 in GFOR is a histidine or a
tyrosine in all of the sequences, strengthening the view that
this residue plays a role in catalysis.
Obviously a great many questions concerning catalysis by
GFOR remain to be answered. One of the more interest-
ing concerns how the substrates bind and are released.
Although GFOR shows a strong preference for the sugars
which are its natural substrates (i.e. glucose and fructose)
[8], appreciable product formation occurs only in the pres-
ence of very high concentrations of these sugars [9].
Despite the fact that the crystals used in this structural
study were grown in the presence of high concentrations
of sorbitol, there is no convincing crystallographic evi-
dence for the presence of either sorbitol or fructose in the
active site of the enzyme. It should be noted that our 
conclusions in this respect are restricted by the moderate
resolution of the structure determination.
GFOR as a periplasmic enzyme
Many of the enzymes found in the periplasm of Gram neg-
ative bacteria are involved in the degradation of molecules
destined for import into the cell, the biosynthesis of the
cell wall components and other structural elements of the
periplasmic region, and the modification of cytotoxic com-
pounds [53]. The involvement of GFOR in a mechanism
to protect the cell against osmotic stress makes sense of its
periplasmic location. Here, both of its substrates are simul-
taneously available at saturating concentrations [54].
The existence of free NAD(P) in the periplasm seems
unlikely for a number of reasons (although there is no direct
experimental evidence regarding this matter). Firstly, such
small hydrophilic molecules should readily diffuse through
the solvent channels in the outer membrane [55]. Secondly,
several phosphatase genes from Z. mobilis have been charac-
terized; the cellular location of such enzymes in Gram nega-
tive bacteria is usually the periplasm [56]. Finally, NAD(P)
would require an active transport system to cross the cell
inner membrane, yet has no assigned function in the
periplasm. Hence, consistent with its periplasmic location,
GFOR seems to have evolved a mechanism to retain
NADP as an endogenous cofactor; the redox cycle is com-
pleted while NADP remains attached to the same enzyme.
This invites the question of why GFOR employs NADP as
a cofactor, and not a group that more normally functions as
an endogenous redox carrier. Most oxidoreductases that do
not use NAD(P) as a cofactor employ riboflavin derivatives
(FMN or FAD), which are covalently attached to the
protein. Many enzymes in the periplasm of Gram-negative
bacteria employ the cofactor pyrroloquinoline quinone
(PQQ) [57]. In this case PQQ, although not covalently
attached to the protein, is bound sufficiently tightly to allow
the entire redox cycle to occur on a single enzyme mol-
ecule. In fact, many aerobic Gram-negative bacteria contain
a PQQ-dependent glucose dehydrogenase in the periplasm,
or associated with the inner cell membrane, which catalyzes
a glucose oxidation reaction that corresponds to one of the
half reactions of GFOR [57]. This enzyme is also found in
anaerobic Z. mobilis [10], supporting the suggestion that this
organism may have originated from aerobic ancestors [2].
Reduction of fructose to sorbitol by a PQQ-dependent
enzyme seems thermodynamically improbable, however,
due to the relatively high redox potential of the PQQ/
PQQH2 couple [57]. Ultimately, the choice of a pyridine-
nucleotide-linked or flavin-linked enzyme for the biological
role fulfilled by GFOR may have been an evolutionary one. 
The way in which GFOR prevents dissociation of NADP,
employing several structural elements external to the din-
ucleotide-binding domain, seems economical from an evo-
lutionary perspective. The classical dinucleotide-binding
fold is conserved, and the association of the cofactor with
this domain appears fundamentally similar to that reported
for many other NAD(P)-dependent oxidoreductases. The
role of the N-terminal arm is particularly interesting. In
other proteins, the presence of N- or C-terminal exten-
sions to a core domain has been implicated in protein–
protein or protein–membrane association. In addition to
LDH and MDH (discussed previously), there are some
other examples: an N-terminal arm which precedes the
(b/a)8 TIM barrel domain in methylmalonyl-CoA mutase,
and which is involved in intersubunit interactions [58]; an
N-terminal arm which is implicated in the association of
the b-crystallins of the eye lens [59]; and a short N-termi-
nal sequence preceding the catalytic domain of a cyclic
AMP phosphodiesterase which confers membrane associa-
tion on an essentially soluble protein [60]. These exam-
ples, together with the apparent evolutionary relationship
between GFOR and G6PD, lead us to speculate that the
addition of N- or C-terminal extensions to pre-existing
structural domains may be a general evolutionary mecha-
nism for controlling domain association and other binding
events, and for regulating protein function.
A final question concerns the transport of GFOR across
the cytoplasmic membrane and its assembly into an active
tetramer. It has been shown that in GFOR-recombinant
strains of Z. mobilis, exhibiting 5–6-fold increased GFOR
enzyme activity, a precursor form of GFOR accumulates
in the cytoplasm [61]. The N-terminal sequence of this
precursor matches the leader sequence in the coding
region of the gene. The precursor is enzymatically active
and contains the cofactor NADP. On this basis it was sug-
gested that NADP is bound by the precursor GFOR
before it is processed and exported to the periplasm. More
recent results support the idea that GFOR is exported by
the conventional secretory pathway [54]. However it is
generally believed that proteins are translocated across
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membranes in a partially unfolded state [14]. We have
shown that NADP binds to GFOR in a conventional
fashion, and that the tight association of NADP may in
part be linked to the quaternary structure of the enzyme.
NADP is released on denaturation of the protein [62], and
the crystallographic results also indicate that the cofactor
is not covalently bound. It is not clear if NADP could
remain associated with the protein during transport if the
quaternary structure were disrupted and the protein par-
tially unfolded. The problem of cofactor acquisition by
periplasmic enzymes is not restricted to GFOR, and must
also be faced by a number of other proteins (for example
the haem-containing cytochrome family) [53].
Biological implications
There is much general interest in the anaerobic Gram-
negative bacterium Zymomonas mobilis because of its
potential application as a biocatalyst in industrial ethanol
production. This microorganism can tolerate high con-
centrations of sugars in its growth medium. In order to
overcome the associated osmotic stress, the periplasmic
enzyme glucose-fructose oxidoreductase (GFOR) pro-
duces the compatible solute sorbitol from fructose; the
reaction is coupled with the oxidation of glucose to glu-
conolactone. GFOR is of interest because it has not been
positively identified in any other organisms, and because
in contrast to many oxidoreductases, the protein is very
tightly associated with NADP.
The structure determination by X-ray crystallography
reveals that each subunit of the tetrameric protein is
folded into two domains, one of which is the classical
dinucleotide-binding domain, or Rossmann fold. The
second domain is a nine-stranded predominantly antipar-
allel b sheet around which the tetramer is constructed.
N-terminal to the Rossmann fold there is a 30 amino
acid proline-rich ‘arm’ which wraps around an adjacent
subunit in the tetramer. The N-terminal arm buries the
adenine ring of the NADP, and may also be involved in
stabilization of the quaternary structure of the enzyme,
as is the case for some lactate dehydrogenases. An
unsuspected structural relationship has been discovered
between GFOR and the cytoplasmic enzyme glucose-6-
phosphate dehydrogenase (G6PD), and a strong argu-
ment can be made for the existence of a corresponding
evolutionary relationship between them. We suggest that
GFOR and G6PD derive from a common ancestral
gene, and that the structure of GFOR has evolved to
allow it to function in the periplasm where it is required.
Thus GFOR would seem to provide a clear example of
how bacteria adapt pre-existing structural domains for
new roles in the cell. 
The enzymes that use NAD(P) as an endogenous redox
carrier (i.e. one that is not released during their catalytic
cycle) appear to be structurally and functionally diverse.
Few have been extensively characterized. The structure
of GFOR reveals that the NADP is bound in a conven-
tional fashion, but cannot dissociate from the enzyme
because it is effectively buried by several structural ele-
ments, including the extended N-terminal arm. This sug-
gests that proteins which tightly bind NAD(P) will use
conventional dinucleotide-binding structures with suitable
modifications to prevent cofactor dissociation. Several
intriguing questions remain unanswered. These include
how GFOR is transported across the cell inner mem-
brane into the periplasmic region, how it is assembled into
an active tetramer and when it acquires NADP. Another
question is whether the two substrates of the enzyme bind
in an analogous fashion, and how the oxidative and
reductive half-reactions are catalyzed.
Materials and methods
Overview
The crystal structure of GFOR has been determined by the method of
multiple isomorphous replacement (MIR) at an effective resolution of
2.7 Å. The structure determination was complicated by the occurrence
of two closely related crystal forms, and by difficulties in obtaining truly
isomorphous derivatives. Two poor derivatives were obtained for one of
the crystal forms. Real space electron-density modification procedures
were employed to improve the MIR map and allow the building of an
initial model. Subsequently, iterative combination of phase information
from the partial model and the heavy atom derivatives, accompanied by
rebuilding and restrained least squares refinement, allowed us to deter-
mine the missing parts of the structure. The model was refined using
diffraction data from the second crystal form, for which we had been
unable to obtain good isomorphous derivatives, but for which the data
set had a greater degree of completeness and a higher multiplicity.
Cell growth, protein purification and crystallization
Z. mobilis cells were grown with 15 % (w/v) glucose as substrate, har-
vested after fermentation had ceased, and lyzed. After centrifugation,
the crude cell extract was passed through both negative and positive
dye adsorbent columns as described previously [8]. GFOR was then
further purified by cation exchange chromatography, using a Sepharose-
S column, and the active enzyme precipitated with ammonium sulfate
prior to crystallization. 
Crystallization conditions for GFOR were identified using search experi-
ments based on orthogonal arrays [63]. Crystals were grown using
hanging-drop vapour diffusion methods. Crystals of GFOR grow as 
thin, fragile plates from polyethylene glycol (PEG) solutions buffered
between pH5 and 8. Crystals used in the MIR structure determination
were grown at ambient temperature from 5–15% (w/v) PEG 6000, in
the presence of 0.2M succinic acid/KOH buffer or 0.2M citric acid/
KOH buffer at pH5.5. Protein concentration was between 10 and 30
mg ml–1. Similar crystallization conditions have been reported by others
[62]. Crystals of the same space group and morphology can also be
grown in the presence of various additives, including high concentra-
tions of sorbitol (a product of the reaction catalyzed by the enzyme). The
data used for the final refinement of the structure were collected from
crystals grown as above, but with the inclusion of 0.8M sorbitol.
Preliminary characterization of the crystals
Two different (but morphologically indistinguishable) crystal forms grew
under identical solution conditions. The first (form I) had unit cell dimen-
sions a=84.82, b=93.86, c=117.02Å, while the second (form II) had
cell dimensions a=84.49, b=283.69, c=116.99Å. The space group of
both forms is p21212, and they are related by a tripling of the y-axis cell
dimension. Inspection of the diffraction pattern from the form II crystals
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revealed the presence of an approximate sublattice, with every third
reflection in the direction of the y-axis being relatively strong. This effect is
particularly pronounced in the low-resolution terms. The form I crystals
seemed likely to contain two molecules in the asymmetric unit, and the
form II to contain six molecules. This corresponds to a Matthews coeffi-
cient of 2.7Å3 Da–1, and a solvent content of ~54% in each case.
GFOR is tetrameric at low pH, and the self-rotation function of the
form I crystals was consistent with molecular 222 point group symme-
try, revealing the presence of twofold noncrystallographic symmetry
axes in the xy plane, perpendicular to the crystallographic twofold axis
along z. The self-rotation function of the form II crystals was essentially
identical to that of the form I crystals. Inspection of the Patterson func-
tion calculated from the form II data revealed two very large non-origin
peaks at 0, 1/3, 0 and 0, 2/3, 0. These peaks, and the presence of an
approximate sublattice in the diffraction data indicated that the two
crystal forms were related by a very slight packing rearrangement.
The X-ray structure determination confirms that the form I crystals
contain two monomers in the asymmetric unit. These belong to a
tetramer with 222 point group symmetry, with one of the symmetry axes
of the molecule being coincident with a crystallographic twofold axis.
The other symmetry axes of the molecule lie in the xy plane, oriented
approximately 30° from the crystallographic axes. The molecules pack
in such a fashion that there are discrete layers of tetramers perpendicu-
lar to the y-axis. In the form II crystals each of these layers is interleaved
with two layers of tetramers with a slightly differing orientation (in which
the molecular twofold axes are no longer parallel to the z-axis). This
triples the apparent cell dimension along y and results in six monomers
in the asymmetric unit. This accounts for the marked sublattice in the
diffraction pattern of the form II crystals, the indistinguishable self-rota-
tion functions of the two crystal forms, and the presence of large non-
origin peaks in the Patterson synthesis of the form II crystals (which
correspond to the simple translations between the almost identically ori-
ented tetramers). We have not yet analyzed in detail the pattern of inter-
molecular contacts that lead to this slight rearrangement. 
Data collection
Diffraction data were collected by the oscillation method on an R-axis IIC
system using CuKa radiation from a Rigaku RU-200 rotating anode gen-
erator. Profile fitted intensities were obtained from the images using the
program DENZO [64]. The scaling and merging of data was carried out
using the CCP4 program suite [65]. Data collection was complicated by
the existence of the two morphologically indistinguishable crystal forms.
Form II crystals are markedly predominant, and only two native crystals of
form I have been observed. Heavy-atom soaking experiments produced
several derivatized form I crystals, but whether these resulted from a con-
version of form II crystals we do not know.
A data set was collected at room temperature from one of the form I crys-
tals, which suffered quite severe radiation damage, with an accompanying
increase in crystal mosaicity. This data set was only 79 % complete.
Several native data sets were collected on form II crystals. The long y-axis
cell dimension made data collection difficult, as long crystal to detector
distances were needed to achieve effective spot resolution. A helium box
was employed to help prevent X-ray attenuation by air. The most com-
plete and most reliably estimated data were collected at 4° C from a total
of four form II crystals grown in the presence of 0.8 M sorbitol. For this
data collection the crystals were mounted in liquid filled capillaries, as
described by Abrahams and Leslie [66]. Using conventional mounting
procedures it was very easy to damage the thin plate-like crystals. All
attempts to freeze the crystals at liquid-nitrogen temperatures have failed,
seeming to result in a partial lattice transformation between the two
crystal forms. The form II crystals diffract to well beyond 2.7 Å resolution;
however, we have not yet collected a high-resolution data set due to the
practical problems described. The data from the form I crystals (Table 1)
were used in the structure solution by MIR; the data from the form II crys-
tals (Table 2) were used in subsequent refinement of the structural model.
Multiple isomorphous replacement and initial model
construction
Heavy-atom derivatives were prepared by soaking crystals in solutions
containing heavy-atom compounds. Heavy-atom positions were deter-
mined from difference Patterson functions and verified using difference
Fourier syntheses. The program MLPHARE [67] was used to refine the
heavy-atom parameters and calculate the phases. Only two derivatives
were obtained for the form I crystals (Table 1). We were consistently
frustrated in our efforts to obtain more derivatives by the predominance of
form II crystals. Derivatives obtained for the form II crystals were all poorly
isomorphous and were not used in the structure determination (results
not shown).
Unsurprisingly, the initial electron-density map was largely uninter-
pretable, although the boundaries of the molecule were clearly
delineated. The initial MIR phases were improved and extended using
real space density modification procedures, as implemented in the
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Table 1
Data collection and phasing statistics for form I crystals.
Native Ethylmercury Chloro (2,2′:6′,2′′-terpyridine)
phosphate platinum(II) chloride
Number of crystals 1 1 1
Temperature Ambient Ambient Ambient
Maximum resolution (Å) 2.50 3.30 3.30
Number of measured reflections 64653 43478 25446
Number of unique reflections 25980 13601 11583
Completeness (%) 79 93 79
Rmerge (%)* 10.3 10.6 7.4
Soaking concentration (mM) – 1 1
Soaking time (hours) – 22 72
Number of binding sites – 4 2
Binding locations – Cys54, Cys158 His308
RCullis†: acentric (centric) – 0.82 (0.71) 0.93 (0.88)
Phasing power§: acentric (centric) – 1.16 (1.12) 0.63 (0.50)
*Rmerge = ΣhklΣj | Ij (hkl) – < I(hkl)> | / ΣhklΣj | Ij (hkl) | where Ij (hkl) are the symmetry equivalent intensity measurements for a reflection and < I(hkl)> is 
the weighted mean value for this reflection. †Rcullis = Σhkl | FH (obs) – FH (calc) | / Σhkl | FH (obs) | where FH is the heavy-atom structure factor. §Phasing
power = Σhkl | FH (calc) | / Σhkl | FH (obs) – FH (calc) |
DEMON program suite [68]. Assuming exact 222 point group symme-
try, an envelope enclosing the protein region was calculated from a
local correlation map [68]. The starting MIR phases (to 3.3 Å resolu-
tion) were improved and extended (to 2.5 Å resolution) using twofold
averaging, histogram matching, and solvent flattening. A Sim weighting
procedure was employed in the density modification protocol, with sub-
stitution of calculated structure factors for the unobserved data. 
Inspection of the electron-density map obtained after density modifi-
cation revealed regular structural features such as a helices and
b strands. Model building was carried out first using the program TOM
[69] and later TURBO-FRODO (A Roussel, A-G Inisan and C Cambil-
lau). Polyalanine fragments, corresponding to regular a helices and
b strands, were generated and placed in the map. Small adjustments
to their regular geometry allowed adequate fitting.
Iterative map and model improvement
The initial model comprised 16 polyalanine fragments, containing a total
of 207 amino acids. This constitutes only one third of the number of
atoms included in our final model. A significant proportion of the initial
electron-density map could not be interpreted. In order to improve the
electron-density maps we combined phase information from the partial
model and the heavy-atom derivatives (at 3.3Å resolution), and then
repeated the density modification procedures described above. Phase
combination was carried out using the program SIGMAA [70]. This
procedure was repeated iteratively, and slowly allowed us to build the
missing structure. At each stage the model was refined by restrained
least squares using the program TNT [71]. In the initial stages, when
the model was still very incomplete, real space (phase-invariant) refine-
ment was employed, switching to reciprocal space refinement when
Fourier difference syntheses became interpretable. Noncrystallographic
symmetry (ncs) constraints were employed at all stages.
Following several rounds of phase combination, the Rossmann fold of
the dinucleotide-binding domain could be clearly identified. This also
allowed us to associate the sequence with the partial structure. The
direction of several strands in the central b sheet had to be reversed
as the connections with other secondary structural elements became
clear. Starting from such a poor initial map, we were very cautious 
in determining the connectivity and assigning the sequence. Support-
ing the sequence assignment, the derivatives were found to have
bound in chemically reasonable positions (Table 1). At this stage, it
also became clear that there were three regions in which the structure
could not be reconciled with the published gene sequence. These
regions are discussed further below.
One difficult region to build was the N-terminal arm from each subunit.
This was poorly connected in the initial electron-density maps, and we
could not confidently fit an atomic model. We employed a dummy atom
procedure to model this region at first, placing 30 dummy atoms along
the presumed backbone, and using the globic scattering factors sug-
gested by Guo et al. [72] in structure factor calculations to 3.3 Å reso-
lution. This improved the phase-combined maps to the extent that
unambiguous building of this region was then possible. At this stage
the R factor for data to 2.5 Å resolution was 33 %, and the free R factor
(for 1300 reflections omitted from all refinement procedures) 37 %.
Once the model was essentially complete we began refinement using
the data from the form II crystals. The improvement in electron-density
maps calculated using this data was striking.
Reciprocal space refinement of the model in the second
crystal form
Final refinement of the model was done using restrained least squares
using the program TNT [71], with the geometry library of Engh and
Huber [73]. Refinement was against all data to 2.7 Å resolution. To
correct for the solvent contribution to the low-resolution terms the
model of Moews and Kretsinger [74] was applied with parameters
K(solvent) = 0.88 and B(solvent) = 140 Å2. It should be noted that the
choice of these parameters affects the overall mean of the individual
atomic displacement parameters. In the absence of a better procedure,
the parameters of the solvent correction have been chosen so that
approximate agreement is obtained with scaling based on Wilson sta-
tistics, while also minimizing the overall R factor.
Strict ncs constraints have been applied throughout the refinement; thus
the structure presented here represents an average of the six copies in
the asymmetric unit of the form II crystals. At several stages rigid body
positional refinement of the molecules was employed to check and
improve the ncs symmetry operators. Deviations from exact 222 point
group symmetry for the GFOR tetramers are very small. Correlation coef-
ficients calculated during map averaging procedures suggest, however,
that there are genuine differences between subunits. These differences
are between those subunits related by the noncrystallographic twofold
rotation axes which lie (approximately) in the xy plane. It seems that these
symmetry operations are not exact. Given the small magnitude of the dif-
ferences (sixfold averaged maps are everywhere interpretable), we do
not feel justified in modelling them at 2.7Å resolution. 
We monitored the free R factor during the course of refinement against
the form II data. Predictably, because of the reciprocal space relation-
ships between the structure factors created by the ncs (which for some
molecules is almost purely translational), it simply mirrored the conven-
tional R factor. For example, in the final stages of refinement, when the
conventional R factor was 21 %, the free R factor, for 1032 randomly
selected reflections omitted from all refinement procedures was 22 %.
It is clear that random selection of the reflections used for the free
R factor calculation is not sufficient in cases such as this. All measured
data were used in the final refinement cycles.
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Table 2
Data collection statistics for form II crystals.
Upper resolution limit (Å)
4.91 3.89 3.40 3.09 2.87 2.70 All
Number of measured reflections* 85588 80982 81540 57672 31909 15509 353200
Number of rejected reflections† 2491 2921 1391 357 52 7 7219
Number of unique reflections 13399 13053 12971 12856 11520 7701 71500
Completeness 99 100 100 100 89 60 91
Rmerge (%)§ 5.9 7.4 10.8 15.7 21.1 26.5 9.0
*The total number of integrated observations used in data processing;
115 oscillation images collected from four different crystals were used.
On each image, data were integrated to a resolution limit at which the
mean I/s(I) in a thin isotropic resolution shell fell below two. †Number
of observations rejected as outliers during data processing. The fall-off
with increasing resolution reflects the decreasing multiplicity of the
data set, making it more difficult to detect aberrant measurements.
§Rmerge defined as for Table 1.
B factor modelling was begun when the crystallographic R factor was
below 25%. At first we refined two B factors per residue (for the
sidechain and mainchain atoms respectively), then we refined individual
isotropic B factors in the final stages of refinement, employing the
restraints suggested by Tronrud [75]. Several sidechains show evidence
for more than one discrete conformation (notably Gln256 and Met314),
but we have not attempted to model these yet. A number of sidechains,
principally lysine and arginine residues on the surface of the protein, are
clearly disordered, and are not included in the model. A conservative
model of the ordered water molecules has been included. The final model
for the monomer contains a total of 3081 non-hydrogen atoms, which
include 141 water molecules, and 48 atoms for the NADP. The entire
protein chain has been modeled. The current crystallographic R factor for
all data to 2.7Å resolution is 20.2%. The mean B factor for all atoms is
44Å2. The final model is tightly restrained (rms deviation from standard
bond lengths 0.013Å; angles 1.602°).
Conflicts with the nucleotide sequence
The conflicts between the X-ray structural results and the derived
sequence for GFOR could be explained by short frameshift errors in
the published nucleotide sequence [13]. There appeared to be a total
of three such errors. Once we had established that frameshift errors
had occurred, we quickly fitted the inferred sequence, with the only
uncertainties arising in the determination of the frameshift boundaries.
The electron density in all three regions unambiguously supported
these conclusions (Fig. 8), although it was difficult to be certain of the
sequence assignment at the frameshift boundaries.
An independent redetermination of the gene sequence has confirmed
our results (T Wiegert, H Sahm, and GA Sprenger, personal communi-
cation; Genbank accession number Z80356). This also acted as a vali-
dation of the correctness of the structure (with the exception of several
residues at the frameshift boundaries, the errors in the sequence had
been correctly identified). The frameshift errors affect the following
regions of the published sequence (numbering according to that
sequence); Met59–Thr66, Leu194–Ser204 and Val377–Gly387. One
result of the frameshift errors is that the mature enzyme is now seen to
be 381 amino acids in length, in contrast to the 387 amino acids previ-
ously reported [13].
Accession numbers
The atomic coordinates and structure factors have been deposited in
the Brookhaven protein data bank with the entry codes; 1OFG (coordi-
nates) and R1OFGSF (structure factors).
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